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Transforming growth factor-␤ induces a smooth muscle cell phenotype in undifferentiated mesenchymal
cells. To elucidate the mechanism(s) of this phenotypic
induction, we focused on the molecular regulation of
smooth muscle-␥-actin, whose expression is induced at
late stages of smooth muscle differentiation and developmentally restricted to this lineage. Transforming
growth factor-␤ induced smooth muscle-␥-actin protein,
cytoskeletal localization, and mRNA expression in mesenchymal cells. Smooth muscle-␥-actin promoter-luciferase reporter activity was enhanced by transforming
growth factor-␤, and deletion analysis revealed that
CArG box 2 in the promoter was necessary for this transcriptional activation. CArG motifs bind transcriptional
activator serum response factor; gel shift analyses revealed increased binding of serum response factor-containing complexes to this site in response to transforming growth factor-␤, paralleled by increased serum
response factor protein expression. Serum response factor expression was found to be up-regulated by transforming growth factor-␤ via transcriptional activation
of the gene and post-transcriptional regulation. Using
mesenchymal cells stably transfected with wild type or
dominant-negative serum response factor, we demonstrated that its expression is sufficient for induction of a
smooth muscle phenotype in mesenchymal cells and is
necessary for transforming growth factor-␤-mediated
smooth muscle induction.
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phogenic proteins (1). TGF-␤, specifically, is known to play an
important role during embryonic development in cellular
growth and differentiation in a number of organ systems, including the gastrointestinal tract (2– 4) and the vasculature (5).
TGF-␤ is produced in a latent form in mesenchymal and epithelial cell types (6) and is thought to be activated in a plasminmediated process (7) that requires cell-cell interaction (8). Activated TGF-␤ binds to specific membrane receptors that
possess Ser-Thr kinase activity (1). Intracellular TGF-␤ signaling occurs primarily via intermediate effector proteins,
SMADS, which modulate the interactions of transcription
factors with their cognate cis-elements to promote changes in
gene expression, ultimately leading to changes in cellular
phenotype.
TGF-␤ signaling is thought to direct, in part, the differentiation of smooth muscle (SM) cells from mesenchymal and neural crest precursors during vascular and gut development (4, 9).
SM cells play important physiological roles in these tissues via
modulation of vascular tone and resistance and control of gastrointestinal motility and fluid movement. The SM cell phenotype is characterized by coordinated expression of contractile
proteins that include SM-␣-actin (10 –13), SM-␥-actin (14 –18),
SM myosin heavy chain (19 –21), calponin (22, 40), SM 22␣
(23–25), and telokin (26, 27). Furthermore, these cells are
thought to be capable of reversibly modulating their phenotype
during postnatal development (28). This phenotypic modulation includes an alteration in the expression of proteins characteristic of the differentiated SM cell and has been implicated
in the pathogenesis of cardiovascular (29) and gastrointestinal
(30, 31) disease states. Paradoxically, TGF-␤ signaling may
play a role in directing SM cell responses to disease. TGF-␤
expression is increased in SM components of the arterial wall
following injury (32) and of the intestinal mesenchyme in patients with inflammatory bowel diseases (31). Furthermore, it
has been shown that administration of neutralizing anti-TGF-␤
antibodies reduces the severity of lesions in carotid injury (33)
and experimentally induced ulcerative colitis (34).
The exact mechanism(s) through which TGF-␤ signaling affects both SM cell differentiation and response to injury or
disease is largely unknown. However, it has been demonstrated that TGF-␤ up-regulates SM-␣-actin expression in human and rat SM via direct transcriptional regulation (13).
Interestingly, although SM-␣-actin is among the first genes
expressed during SM differentiation, it is also expressed during
development in a variety of other cell types, including skeletal
and cardiac muscle, corneal fibroblasts, and astroglial cells
(35). Furthermore, SM-␣-actin expression is modulated by
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TGF-␤ in skin and corneal fibroblast during wound repair (35);
hence, the transcriptional control of this gene by TGF-␤ may
not represent a SM-specific event.
To gain a better understanding of the molecular mechanisms
that regulate genes during SM differentiation, we have analyzed the expression of SM-␥-actin. Although a closely related
isoform of SM-␣-actin, SM-␥-actin expression is induced at late
stages of SM differentiation (36) and developmentally restricted to SM in the vasculature and gastrointestinal tract (15,
47), with the exception of the post-meiotic spermatocyte (37).
Thus, SM-␥-actin provides an excellent marker for the differentiated SM cell phenotype.
Transcriptional regulation of the SM-␥-actin gene appears to
require the interaction of positive- and negative-acting ciselements within the promoter. Two separate regions displaying
positive transcriptional activity have been mapped in the SM␥-actin gene promoter, and are referred to as the specifier and
modulator domains (14). A key cis-element for SM-specific
transcription present in both of the positive-acting transcriptional regulatory domains is the CArG/SRE motif. The positiveacting transcriptional activity of the specifier and modulator
domains is derived from the binding of SRF to the CArG/SRE
motif (CC(A/T)6GG), and we have previously shown that SRF
complexes are key regulators of the developmental activation of
the SM-␥-actin gene in vivo (15). Given that CArG/SRE elements are important for TGF-␤ inducibility of the skeletal and
SM-␣-actin genes, it is possible that SRF mediates TGF-␤
induction of SM-␥-actin during SM development. The CArG/
SRE motif has been implicated in the developmental regulation
of other SM-specific genes as well, including SM-␣-actin (38),
SM22␣ (23, 39), calponin (22, 40), SM myosin heavy chain (21),
and telokin (41). Moreover, SRF expression and function has
been developmentally correlated with vascular and visceral SM
differentiation in vivo (15, 36, 42, 43).
In the studies presented here, we examined the regulation of
SM-␥-actin expression by TGF-␤ in 10T1/2 mesenchymal cells,
which we have previously shown to serve as SM progenitors
(44). We demonstrate that TGF-␤ increased steady-state levels
of SM-␥-actin mRNA and induced production and cytoskeletal
localization of SM-␥-actin protein. Increased mRNA levels resulted from TGF-␤-induced transcriptional activation of the
SM-␥-actin gene. This response was mediated through a specific CArG/SRE motif (CArG box 2) within the specifier segment of the promoter, which was found to be necessary for
TGF-␤-induced transcriptional activation. Furthermore, we
show an increase in SRF binding activity upon the SM-␥-actin
promoter in response to TGF-␤, which was paralleled by increased SRF protein expression. SRF expression was up-regulated by TGF-␤ via transcriptional and post-transcriptional
control mechanisms. Using SM progenitors stably transfected
with wild type or dominant-negative SRF, we demonstrated
that SRF protein expression is sufficient for induction of a SM
phenotype in mesenchymal cells and is necessary for TGF-␤mediated SM induction.
MATERIALS AND METHODS

Cell Culture—10T1/2 cells (ATCC CCL 226) were grown and maintained in Dulbecco’s modified Eagle’s medium (DMEM) with 10% fetal
bovine serum and 4.5 g/liter glucose and supplemented with penicillin
and streptomycin. All cells were maintained at 37 °C in a humidified
atmosphere. For all cell culture experiments, cells were switched to
DMEM containing 2% calf serum (DMEM, 2% CS) upon initial cell
plating (To for each experiment); each experiment was repeated at least
three times. Representative experiments are shown.
Immunocytochemistry—10T1/2 cells were cultured in four-chamber
culture slides (Lab-Tek, Naperville, IL) in DMEM, 2% CS ⫾ 1 ng/ml
TGF-␤1. After incubation for 24 h, the cells were fixed with 4%
paraformaldehyde and immunostained for SM-␥-actin, as described
previously (44). Anti-SM-␥-actin (mouse monoclonal antibody, ICN) was

used at 1:1000 in blocking buffer consisting of 4% normal goat serum,
3% bovine serum albumin, 0.1% Triton X-100 in phosphate-buffered
saline. At this concentration, this antibody is specific for the SM-␥-actin
isoform and does not cross-react with other prevalent actin isoforms,
including SM-␣-actin.2 Antibody-antigen complexes were visualized using the Vectastain Elite ABC Kit (Vector, Burlingame, CA) and the
biotinylated anti-mouse secondary antibody (1:250) provided by the
manufacturer.
Western Blot Analyses—10T1/2 cells were cultured (6 ⫻ 105 cells/100
mm dish) with 0 –5 ng/ml TGF-␤1 for up to 3 days. Protein was isolated
from cells as described previously (45). Ten g of protein were electrophoresed on 10% SDS-PAGE minigels (Bio-Rad) and then electrophoretically transferred to Immobilon-P membranes (Millipore). Membranes were blocked with 5% nonfat dry milk, 1% bovine serum
albumin in phosphate-buffered saline and then incubated 1–2 h with
primary antibody (anti-SM-␥-actin, anti-SRF, and anti-HA, all at
1:1000 dilution). Antibody-antigen complexes were revealed using the
ECL detection system (Amersham Biosciences, Inc.).
Northern Blot Analyses—10T1/2 cells were cultured (6 ⫻ 105 cells/
100 mm dish) with 0 –5 ng/ml TGF-␤1 for up to 3 days. RNA was
isolated from the cells using RNAzol B (Tel-Test, Friendswood, TX).
Total RNA (10 g per sample) was electrophorectically separated and
transferred onto GeneScreen Plus nylon membrane (PerkinElmer Life
Sciences). cDNA probes (murine SM-␥-actin, cytoplasmic ␥-actin, and
SRF) were labeled using Ready-To-Go DNA labeling beads (Pharmacia
Biosciences, Inc.), purified by centrifugation through MicroSpin S-200
HR columns (Pharmacia Biosciences, Inc.), and hybridized at 1.5 ⫻ 106
cpm/ml. After washing, membranes were exposed to either X-Omat AR
film (Eastman Kodak Co.) or a screen designed for imaging using a
PhosphorImager (Molecular Dynamics).
Plasmid Constructs—The avian SM-␥-actin gene and ⬃2.3 kb of
DNA comprising the promoter have been previously cloned and sequenced (GenBankTM accession number AFO12348 (14)). Deletions of
the promoter were cloned into the PGL-3 Basic luciferase vector forming chimeric SM-␥-actin promoter-reporter genes (15) and utilized for
the transfection studies described here. Mutagenesis of each of the six
CArG/SRE motifs was accomplished by oligonucleotide mutagenesis
using the ExsiteTM PCR mutagenesis kit (Stratagene, La Jolla, CA), as
described by the manufacturer. cDNA clones for mouse actin isoforms
were obtained from Genome Systems (St. Louis, MO) and were enhanced sequence tag clones 1431913 (cytoplasmic ␥-actin, GenBankTM
accession number AA986689), 348425 (cytoplasmic ␤-actin, GenBankTM
accession number W35717), and 314246 (SM-␥-actin, GenBankTM accession number W09992). Isoform-specific probes were generated from
these cDNAs by PCR using oligonucleotide primers that amplify the
3⬘-UTR segments of the mRNAs.
Transient Transfections and Reporter Gene Assays—Various chimeric SM-␥-actin-luciferase reporter gene constructs were transiently
transfected into cultured 10T1/2 cells using LipofectAMINE reagent
(Invitrogen), according to manufacturer’s protocol. Cells were plated at
70,000 cells/well in 12-well dishes in DMEM, 2% CS, incubated overnight at 37 °C, then rinsed with DMEM and treated with 1 g/well of
DNA. After an overnight incubation, the cells were rinsed in phosphatebuffered saline and treated with DMEM, 2% CS ⫾ 1 ng/ml TGF-␤ for
48 h. Positive (luciferase gene under the control of the SV40 promoter/
enhancer) and negative (promoterless pGL-3 vector DNA) controls were
included in each experiment. All promoter constructs were evaluated in
a minimum of three separate experiments, three separate wells per
experiments, and at least two separate plasmid preparations per
construct.
Promoter activity was evaluated by measurement of firefly luciferase
activity according to manufacturer’s protocol (Promega, Madison, WI),
using a Turner model 20 luminometer. Each lysate was analyzed in
triplicate and luciferase activity was normalized to protein content.
Normalized luciferase activity in TGF-␤-treated cells was compared
with measured activity in cells in control conditions transfected with
the same promoter-reporter DNA. The calculated values (mean ⫾ S.D.)
were plotted as fold increase in response to TGF-␤ treatment.
DNA Fragments and Gel Shift Analyses—Double-stranded oligonucleotides corresponding to the CArG/SRE2 motif (nucleotides ⫺135 to
⫺105 of the promoter) or the ␣-skeletal actin gene SRE (15, 52) were
end-labeled using the polynucleotide kinase reaction, and gel shift
assays were preformed as described previously (15). Reaction mixtures
were assembled in 50-l volume containing 1 g of poly(dI-dC) nonspecific competitor and 3 or 5 g of nuclear lysate and preincubated of 10
2
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FIG. 1. TGF-␤ induction of SM-␥-actin protein expression and cytoskeletal localization. 10T1/2 mesenchymal
cells were incubated with or without 1
ng/ml TGF-␤1 for 24 h; bovine aortic endothelial cells and smooth muscle cells
were incubated in control conditions for
24 h, as described under “Materials and
Methods.” All cells were fixed in 4%
paraformaldehyde and immunostained
for SM-␥-actin (ICN antibody; 1:1000).
10T1/2 cells (C), as well as endothelial
cells (A), did not express SM-␥-actin protein; however, TGF-␤ induced expression
and cytoskeletal localization of SM-␥-actin in 10T1/2 cells (D) to a level similar to
that of primary cultures of smooth muscle
cells (B). Bar ⫽ 10 m.

min at room temperature. Appropriate labeled probe was then added
and the mixture incubated for an additional 30 min. For control reactions, cold competitor probes were added at 50 times molar excess of
labeled probe or an SRF-specific antibody added during the 10-min
preincubation. Binding complexes were then resolved on 5% polyacrylamide gels, dried onto Whatman paper, and exposed to x-ray film
(Kodak, Biomax BMR1). The nuclear lysates used in these assays were
derived from TGF-␤-treated, and nontreated, 10T1/2 cells and from SM
tissue (avian gizzard) (15). For quantitative assessment of binding
complexes, the dried gels were exposed to PhosphorImager screens and
analyzed using the Molecular Analysis Software package (Bio-Rad). In
each experiment, binding activity observed in control cells was normalized to a value of 1.0 and directly compared with binding in lysates from
the corresponding TGF-␤ treated cells. These values represent the
mean ⫾ S.D.
Creation and Characterization of 10T1/2 Stable Transfectants—
10T1/2 cells were transfected, via electroporation, with 5 g of linearized HA-tagged expression plasmid containing no cDNA (vector control), 5 g of linearized wild type (wt) SRF cDNA, or 5 g of linearized
SRF cDNA that contains a 3-bp substitution in the region known to
mediate DNA binding, yielding a dominant negative SRF protein
(dnSRF; described previously in Ref. 36). All cells were cotransfected
with a plasmid containing the neomycin resistance gene (pCI-neo; Promega) at 1⁄10 the concentration of experimental vector. Twelve stable
transfectant clones were generated from each experimental group (vector, wtSRF, dnSRF) via selection in normal growth media containing
1000 g/ml G418; thereafter, stable clones were maintained in 500
g/ml G418. Total protein was isolated from each clone and screened
via Western analyses to assess the expression of SRF protein and the
HA tag. Two or three positive clones from each transfectant group were
cultured in experimental media (2% CS, DMEM) in the presence or
absence of 1 ng/ml TGF-␤1 for 24 h; protein was isolated from each and
analyzed for expression of SM-␥-actin.
RESULTS

Multipotent 10T1/2 mesenchymal cells are induced toward a
SM phenotype upon direct coculture with endothelial cells and
in response to direct treatment with TGF-␤ (44). This phenotypic transformation is characterized by up-regulation of SM␣-actin protein expression, induction of other SM-specific
proteins including calponin, SM22␣, and SM myosin heavy
chain, and a dramatic shape change from flat and spread to
elongated with pseudopodia (44). Recent reports indicate that
SM-␥-actin is coordinately regulated with calponin and
SM22␣ in coronary artery SM progenitors (36). Furthermore,
the expression of SM-␥-actin is induced in 10T1/2 cells that are
cocultured with endothelial cells.2 Therefore, we aimed to determine whether TGF-␤ induces the expression of SM-␥-actin,
a late marker of SM phenotype, in SM precursors and, if so, by
what mechanism.

TGF-␤ Regulation of SM-␥-Actin Expression—To address
this issue, multipotent 10T1/2 mesenchymal cells were incubated with 1 ng/ml TGF-␤1 for 24 h and then assayed for
SM-␥-actin expression. We found that although 10T1/2 mesenchymal cells did not express SM-␥-actin protein in control conditions (Fig. 1C), its expression and cytoskeletal localization
was induced by TGF-␤1 (Fig. 1D) to a level similar to that of
primary cultures of SM cells (Fig. 1B). As expected, endothelial
cells did not express SM-␥-actin (Fig. 1A). The time course of
TGF-␤ induction of SM-␥-actin protein expression in 10T1/2
cells was examined by Western blot analyses. TGF-␤ induction
of SM-␥-actin protein occurred after 12–24-h exposure to 1
ng/ml TGF-␤1 (Fig. 2A); this effect was dose-dependent from
0.1 to 5 ng/ml TGF-␤1 (not shown). SM-␥-actin protein was not
detected in 10T1/2 cells in control conditions at any time point
throughout the experimental period (Fig. 2A; representative
time points shown).
To elucidate the mechanism by which TGF-␤ up-regulated
SM-␥-actin production, we examined its effect on SM-␥-actin
mRNA. We performed Northern blot analyses on total RNA
isolated from 10T1/2 cells treated with or without 1 ng/ml
TGF-␤1 for up to 48 h. SM-␥-actin mRNA was up-regulated
after ⬃8 h exposure to TGF-␤1 (Fig. 2B), prior to induction of
protein expression, suggesting that SM-␥-actin gene expression
may be transcriptionally regulated by TGF-␤ in 10T1/2 mesenchymal cells.
Transcriptional Regulation of SM-␥-Actin Promoter—To
more directly determine whether TGF-␤ transcriptionally activates SM-␥-actin gene expression, we performed promoter-reporter analyses using various regions of the SM-␥-actin promoter linked to the firefly luciferase reporter gene. Initially,
chimeric deletion constructs, containing different lengths of
SM-␥-actin promoter, ranging from full-length (2294 bp) to 65
bp, were transiently transfected into 10T1/2 cells that were
then incubated in the presence or absence of 1 ng/ml TGF-␤1
for 48 h (Fig. 3). A chimeric reporter gene construct, containing
the initial 65 bp of the SM ␥-actin promoter (SMGA ⫺65), was
capable of promoting transcription over that observed for the
promoterless control plasmid, pGL3-Basic in 10T1/2 cells. However, this reporter gene was not differentially activated in
TGF-␤-treated and untreated (control) cells (Fig. 3). These data
indicate that although the SM-␥-actin TATA sequence motif
contained within the SMGA ⫺65 clone was capable of promoting basal transcription in 10T1/2 cells, there were no sequence
motifs within this region of DNA capable of responding to
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FIG. 2. Time course of TGF-␤ induction of SM-␥-actin protein and mRNA
expression. A, 10T1/2 mesenchymal
cells were incubated with or without 1
ng/ml TGF-␤1 for 0, 4, 8, 12, 24, and 48 h,
after which total protein lysates were isolated and subjected to Western blot analyses (10 g of total protein/lane). SM-␥actin protein (⬃43 kDa) expression was
induced after 12–24 h of TGF-␤ treatment
compared with control (C) conditions. B,
10T1/2 mesenchymal cells were treated
with 1 ng/ml TGF-␤1 (as in A), after
which total RNA was isolated and subjected to Northern blot analyses (5 g of
total RNA/lane). SM-␥-actin mRNA (⬃1.5
kb) expression was induced after ⬃8 h.
Blots were re-hybridized with a specific
probe to cytoplasmic ␥-actin as a loading
control. These data, taken together, suggest that SM-␥-actin gene expression is
transcriptionally regulated in 10T1/2
cells by TGF-␤.

FIG. 3. TGF-␤-induced transcriptional activation of the SM-␥-actin
promoter. Chimeric deletion constructs,
containing different lengths of SM-␥-actin
promoter, ranging from full-length (2294
bp) to 65 bp, were transiently transfected
(1 g DNA/transfection) into 10T1/2 cells
(70,000 cells/well) that were then incubated in the presence or absence of 1
ng/ml TGF-␤1 for 48 h. Promoter activity
was assessed in transfected cells by measurement of the firefly luciferase reporter.
Each lysate was analyzed in triplicate,
and luciferase activity was normalized to
protein content. To determine the responsiveness of a promoter to TGF-␤ treatment, the luciferase activity generated in
lysates of TGF-␤-treated cells was directly compared with activity obtained
with the same construct in untreated cells
and is plotted as a fold increase response
to TGF-␤. The promoter constructs used
in the experiments are diagrammed in A,
with their response to TGF-␤ in 10T1/2
cells plotted (mean ⫹ S.D.) in B. There
was a TGF-␤-dependent response of 2–3fold with promoter DNA containing the
first 136 bp (SMGA ⫺136). The TGF-␤
response was maintained at similar levels
with the addition of DNA out to ⫺2.3 kb
flanking the gene.

TGF␤ signaling. An additional 40 bp (SMGA ⫺108) or 50 bp
(SMGA ⫺116) of DNA that contains the first CArG/SRE sequence alone (SMGA ⫺108), or in combination with a well
conserved E-box motif within the SM-␥-actin promoter (14),
were also incapable of demonstrating a TGF-␤-dependent transcriptional response. However, the addition of the 20 bp between ⫺130 and ⫺116 of the SM-␥-actin promoter produced a
2.5-fold response to TGF-␤ treatment, as compared with control
conditions (SMGA ⫺136, Fig. 3). The most prominent cis-element within this region is the CArG/SRE2 motif at ⫺120 (14).
The TGF-␤ response was maintained at similar levels (1.5–2.6fold) with the addition of DNA out to ⬃2.3 kb flanking the SM
␥-actin gene. These experiments indicate that CArG/SRE motifs within the SM ␥-actin promoter are involved in the TGF␤-induced transcriptional activity, with DNA sequences between ⫺136 and ⫺116 containing the CArG/SRE2 element at
⫺120 being essential for this response.
SRF Binding at CArG/SRE2 Is Required for TGF-␤ Transcriptional Regulation of SM-␥-Actin Promoter—CArG/SRE

motifs, which bind the transcription factor SRF, have been
implicated in the transcriptional regulation of genes expressed
by smooth muscle cells. Therefore, we aimed to determine
whether TGF-␤-induced transcriptional activity was mediated
via binding to these cis-elements in the SM-␥-actin promoter.
To do so, plasmids containing full-length SM-␥-actin promoter
regions in which each of its six CArG boxes was individually
mutated were used in transfection experiments. Site-directed
mutants were made by a PCR-based, oligonucleotide-mediated
mutagenesis technique, and each contained changes in the
CArG motif at the GG residues (CC(A/T)6GG 3 CC(A/T)6CC).
The G residues are critical for SRF binding (46), and we have
previously demonstrated that such changes abolish SRF binding to the CArG motifs of the SM-␥-actin gene (15, 42, 43).
TGF-␤-induced transcriptional activity was measured in
10T1/2 mesenchymal cells that were transiently transfected
with plasmids containing each of the mutated promoters and
then incubated in the presence or absence of 1 ng/ml TGF-␤ for
48 h. Mutations in CArG/SRE sequences 1, 3, 4, 5, and 6 did not
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FIG. 4. CArG/SRE2 is required for
TGF-␤ transcriptional regulation of
SM-␥-actin promoter. Plasmids containing full-length SM-␥-actin promoter
regions in which each of its six CArG/SRE
motifs were individually mutated were
transiently transfected into 10T1/2 cells.
The TGF-␤ responsiveness of these mutated DNAs was evaluated by incubating
cells in the presence or absence of 1 ng/ml
TGF-␤ for 48 h and measuring the resultant luciferase activity in cell lysates. Mutations in CArG/SRE sequences 1, 3, 4, 5,
and 6 did not abolish, but consistently
reduced, TGF-␤ transcriptional activation
by 40 – 60%. In contrast, mutations in the
CArG/SRE2, which disrupt SRF binding
to this cis-element, totally abolished TGF␤-induced transcriptional activation.

abolish, but consistently reduced, the TGF-␤ response by 40 –
60% (Fig. 4). In contrast, mutations in the CArG/SRE2, which
disrupt SRF binding to this cis-element, totally abolished TGF␤-induced transcriptional activation (Fig. 4). Thus, these experiments, combined with our deletion analyses, implicate the
CArG/SRE-binding motifs as the transducer(s) of TGF-␤ transcriptional activation of the SM-␥-actin gene and indicate that
CArG/SRE2 is critical for this response.
We have previously demonstrated that while appropriate
developmental expression of the SM-␥-actin gene is dependent
upon the binding activities of multiple trans-acting factors to
sequences flanking the 5⬘ region of the gene, SRF binding at
the CArG/SRE motifs plays a key role in the transcriptional
activation of this gene (14, 47). To determine whether there
was a change in SRF binding upon the SM-␥-actin promoter in
TGF-␤-treated mesenchymal cells, we performed gel shift analyses with nuclear lysates derived from 10T1/2 cells incubated
with 0 or 1 ng/ml TGF-␤ for 48 h. We focused upon the contribution of SRF binding to the CArG/SRE2 motif as it was found
to be essential for the TGF-␤ response.
As shown in Fig. 5, multiple complexes were formed with a
probe containing the CArG/SRE2 motif and surrounding sequences (lanes 2 and 3, Fig. 5B) using 5 g of nuclear lysate
from 10T1/2 cells. The probe used in this experiment
(135CAATAAAACACCTTATATGGCCATATGGCT ⫺106) is a
highly conserved segment of the SM-␥-actin promoter (Fig. 5A)
and contains a number of cis-acting elements that have been
shown to be critical for smooth muscle-specific SM-␥-actin transcription (14, 15, 18, 49, 75). Thus the formation of multiple
complexes is likely due to several DNA-protein interactions. A
50-fold excess of unlabeled, native DNA fragment abolished all
complex formation (lanes 4 and 5), whereas a competitor probe
containing an SRF-binding site derived from the ␣-skeletal
actin gene (lanes 6 and 7, Fig. 5B) specifically abolished the
formation of the middle migrating complex (denoted by the
arrow). Conformation that the middle complex contained SRF
as its principal DNA-binding component was demonstrated by
control experiments, which included antibody supershift experiments (data not shown) as we have performed in previous
studies (15, 38, 42, 43, 47, 52). Competition experiments with
an oligonucleotide in which the CArG/SRE2 motif was mutated
to prevent SRF binding (CArG/SRE2-mut, Fig. 5A) did not
inhibit the formation of the SRF-containing complex with the
native sequence; however, other DNA-binding complexes were

prevented from forming (lanes 8 and 9). This experiment
clearly demonstrates that there is SRF binding activity in
control, untreated cells and that there was enhanced SRF
binding of the CArG/SRE2 element probe in nuclear lysates
derived from TGF-␤-treated 10T1/2 cells.
To specifically examine the SRF binding activity, we preformed control experiments utilizing oligonucleotides containing minimal binding sites from the SM-␥-actin (CArG/SRE2-S,
Fig. 5A) and ␣-skeletal (␣-SK SRE, Fig. 5A) actin genes. Both
the SM-␥-actin and ␣-skeletal SRE-binding motifs exhibited a
singular major SRF-binding complex that was enhanced in
lysates from TGF-␤-treated cells (lanes 10 –15, Fig. 5B). Quantitative analysis of SRF binding using the SRE probes demonstrated that lysates from treated cells exhibited ⬃3-fold (3.2 ⫾
1.5; Fig. 5C) more SRF complex formation than found in control, untreated cells even when minimal amounts of nuclear
lysate is probed (3 g of total lysate, Fig. 5C). Thus, these data
show that there are multiple cis-trans interactions near the
CArG/SRE2 motif of the SM-␥-actin promoter in 10T1/2 cells
and that the complex containing SRF as a principal binding
component is enhanced in lysates derived from TGF-␤-treated
cells.
TGF-␤ Up-regulates SRF Expression in SM Precursors—SRF
gene expression was examined in TGF-␤-treated 10T1/2 cells to
determine whether the changes observed in SRF binding activity resulted from alterations in SRF expression levels. Western blot analyses revealed a measurable increase in SRF protein after 8 –12 h of TGF-␤ incubation (Fig. 6A), which precedes
the appearance of SM-␥-actin protein (⬃12–24 h) and coincides
with increases in SM-␥-actin mRNA in response to TGF-␤ (Fig.
2). SRF protein was not detected in 10T1/2 cells cultured in
control conditions at any time point throughout the experimental period.
The levels of SRF mRNA in treated and control cells were
examined to determine whether increased SRF protein was due
to increased steady-state mRNA levels (Fig. 6B). Total RNA
was isolated from cells and probed by hybridization with a
murine SRF cDNA (42). This probe recognized two mRNA
species in the RNA populations derived from the 10T1/2 cells,
which are the products of both differential polyadenylation (42)
and alternate splicing (42) of the SRF gene transcript. Observations derived from multiple experiments showed that there
was a consistent 25–30% increase in normalized SRF mRNA
within cells treated with TGF-␤ compared with controls, evi-
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FIG. 6. TGF-␤ regulation of SRF expression. A, 10T1/2 cells were
treated with 1 ng/ml TGF-␤ for up to 48 h, after which time total protein
was isolated and subjected to Western blot analyses (10 g of total
protein/lane) using anti-SRF (ICN; 1:500). SRF protein (⬃65 kDa) expression was induced after 8 –12 h of TGF-␤ exposure compared with
control (C) conditions. B, total RNA was isolated from similarly treated
cells and probed, via Northern blot analysis, with a murine SRF cDNA.
This probe recognized two mRNA species (⬃4.5 and 2.5 kb) in the RNA
populations derived from the 10T1/2 cells, which are the products of
both differential polyadenylation and alternate splicing of the SRF gene
transcript (42). Blots were re-hybridized with a specific probe to cytoplasmic ␥-actin as a loading control. While there was a consistent
25–30% increase, in multiple experiments, in SRF mRNA in TGF-␤treated cells as compared with controls, which was detectable after 4 h,
the mRNA levels did not exhibit a steady increase over the time of
incubation as did the appearance of SRF protein.

FIG. 5. SRF binding activity at CArG/SRE2 is enhanced in
response to TGF-␤. Nuclear lysates were derived from 10T1/2 mesenchymal cells incubated with or without 1 ng/ml TGF-␤ for 48 h and
utilized for gel shift analyses. A, an alignment of SM-␥-actin promoter
sequences from chicken (14), human (18), mouse (49), and rat (75)
containing the region surrounding the CARG/SRE2 motif is shown. The
sequence from this highly conserved segment of the SM-␥-actin promoter contains an A-T-rich and homeodomain binding motifs in addition to the CArG/SRE2 element that function in SMGA transcription.
Below the sequence alignment is the sequence of the oligonucleotide
probes used for the gel shift experiments shown here. The CArG/
SRE2-L probe contains significant sequence 5⬘ and 3⬘ to the SRE element, whereas the CArG/SRE2-S probe contains the minimal SRF
binding motif. The CArG/SRE2-mut probe contains a mutated SRE
binding site and the ␣-SK SRE is a strong SRF binding site derived from
the ␣-skeletal actin gene. B, multiple complexes were observed with 5
g of nuclear lysate derived from treated and control cells using the
CArG/SRE2-L probe (lanes 2 and 3). A 50⫻ molar excess of unlabeled
probe prevented the formation of binding complexes with the SM-␥actin CArG/SRE2 probe (lanes 4 and 5), whereas a 50⫻ excess of a probe
that contained an SRF binding site derived from the ␣-skeletal actin
gene efficiently inhibited the formation of one prominent complex (denoted with the arrow), indicating that this complex contained SRF as its
principal binding component (lanes 6 and 7). A competitor oligonucleotide in which the CArG/SRE motif was mutated to prevent SRF binding
did not inhibit the formation of the SRF complex with the native probe
sequence; however the other complexes were efficiently prevented from
forming (lanes 8 and 9). The arrow to the right of the autoradiograph
denotes the position of the SRF containing complex. Using 5 g of
nuclear lysate the CArG/SRE2-S (lanes 11 and 12) and ␣-SK SRE (lanes
14 and 15) showed some varible nonspecific bands with a major band
(denoted by the arrow) of SRF binding activity. C, quantitative assessment of SRF binding activity from 10T1/2 cells was performed by
probing lysates from multiple, separate experiments with the CArG/
SRE2-S oligonucleotide probe and separating the resultant binding
complexes on a single gel. SRF-binding complex formation with this
probe using 3 g of nuclear lysate from three separate experiments are
shown. The radioactivity associated with the SRF complex band was

denced as early as 4 h. However, the mRNA levels did not
exhibit a steady increase over time as did SRF protein. Thus,
there was a discordant increase in SRF protein relative to the
subtle up-regulation of its mRNA in response to TGF-␤, unlike
the coordinate induction of SM-␥-actin protein and mRNA.
The observed increase in SRF protein expression was paralleled by increased SRF binding activity upon CArG/SRE2 of the
SM-␥-actin promoter (Fig. 5) and consistent with the timing
of TGF-␤ activation of SM-␥-actin gene expression in SM
precursors (Fig. 2).
Our analyses revealed that SRF mRNA is expressed in
10T1/2 cells in control conditions; however, SRF protein is only
detectable by Western blotting analysis in response to TGF-␤.
There is SRF-directed binding activity, and therefore SRF protein, in control 10T1/2 cells (Fig. 5), indicating that SRF content in these cells is below the sensitivity of our Western
assays. Thus, we are measuring significant increases in SRF
protein content in TGF-␤-treated cells in our experiments relative to slight increases in mRNA. These observations, combined with previous studies in vivo (43, 15) and in vitro (42,
46)3 suggest that TGF-␤ regulation of SRF expression also
involves post-transcritpional mechanism(s) of control.
SRF Is Necessary and Sufficient for TGF-␤ Induction of a SM
Phenotype—To determine whether SRF is necessary and sufficient for TGF-␤-induced SM phenotype in mesenchymal cells,
3

N. S. Belaguli, unpublished data.

then quantitated using a Bio-Rad PhosphorImager and the Molecular
Analysis Software package (Bio-Rad). The amount of binding derived
from treated cells was compared with that observed in control cells,
which was designated as a value of 1. The relative binding activity was
averaged and plotted ⫾ the S.D.
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FIG. 7. SRF is necessary and sufficient for TGF-␤ induction of a SM phenotype. 10T1/2 cells were transfected, via electroporation, with
5 g of linearized HA-tagged expression plasmid containing no cDNA (vector control), 5 g of linearized wtSRF cDNA, or 5 g of linearized dnSRF
cDNA. All cells were cotransfected with 0.5 g of linearized pCI-neo plasmid, and stable transfectant clones were generated from each experimental
group via selection in 1000 g/ml G418-containing media. Total protein was isolated from each clone and screened via Western analyses (10 g
of total protein/lane) to assess the expression of SRF protein and the HA tag. A, transfectants expressing wtSRF (10T-wt SRF) and dnSRF
(10T-dnSRF) exhibited SRF protein expression, and concomitant HA tag, via Western analyses; stable clones containing only the plasmid vectors
(10T-v) did not exhibit SRF or HA expression. One representative clone of the 12 generated for each experimental group is shown. B, two or three
clones from each group were cultured in the presence or absence of 1 ng/ml TGF-␤1 for 24 h; protein was isolated from each and analyzed for
expression of SM-␥-actin. Stable transfectants containing only vector (10T-v) exhibited a dose-dependent increase in SM-␥-actin protein expression
in response to TGF-␤. Transfectants expressing wtSRF (10T-wtSRF) exhibited elevated levels of SM-␥-actin in control conditions, which was
further increased in response to TGF-␤. Expression of dnSRF in mesenchymal cells prevented TGF-␤ induction of SM-␥-actin protein expression.
Results generated from a representative clone for each experimental group are shown.

we created stable 10T1/2 transfectant cell lines that express
either wild type (wtSRF) or a dominant negative form of the
SRF protein (dnSRF), as described above. To create stable
transfectants, 10T1/2 cells were electroporated with an HAtagged expression plasmid containing wtSRF, dnSRF, or no
cDNA (vector control) and cotransfected with an expression
plasmid containing the neomycin resistance gene (pCI-neo).
Stable transfectant clones were generated via neomycin selection and screened via Western analyses to assess the expression of the SRF protein and HA tag. Western analyses revealed
that the wtSRF and dnSRF clones expressed HA-tagged SRF;
whereas, vector control transfectants did not (representative
clones shown in Fig. 7A).
Multiple clones from each transfectant group (10T-v, 10TwtSRF, and 10T-dnSRF) were cultured in the presence or absence of 1 ng/ml TGF-␤1. Total protein was isolated from each
and analyzed for the expression of SM-␥-actin protein; representative results from one clone of each experimental group are
shown in Fig. 7B. 10T-vector transfectant clones exhibited an
expected up-regulation of SM-␥-actin protein expression in response to TGF-␤ (Fig. 7B); this response was dose-dependent
from 0 to 5 ng/ml TGF-␤1 (data not shown). Transfectant cell
lines expressing wtSRF exhibited elevated levels of SM-␥-actin
protein in control conditions, compared with untreated 10T1/2
cells (see Fig. 2) or vector control clones; TGF-␤ treatment
further increased SM-␥-actin protein levels in these clones (Fig.
7B). The wtSRF clones also exhibited a change in morphology
from flat and spread to elongated with many pseudopodia,
reminiscent of SM cells in culture (not shown). In contrast,
transfectants expressing dnSRF exhibited no SM-␥-actin protein expression in control conditions or exhibited no increase in
SM-␥-actin protein expression in response to TGF-␤ treatment
(Fig. 7B).
DISCUSSION

Previously (44, 48), we demonstrated that multipotent
10T1/2 mesenchymal cells serve as SM progenitors and, as
such, provide an excellent in vitro model to examine molecular

details of SM cell differentiation. We have shown that the
expression of SM-specific proteins, including SM-␣-actin, calponin, SM22␣, and SM myosin heavy chain, is up-regulated in
10T1/2 mesenchymal cells upon contact with endothelial cells
and that this phenotypic induction is mediated, at least in part,
by TGF-␤ (44). Recent studies revealed that SM-␥-actin is also
up-regulated in 10T1/2 mesenchymal cells directly cocultured
with endothelial cells, in a TGF-␤-dependent manner.2 These
results are consistent with recent findings from other laboratories demonstrating that SM-␥-actin is coordinately expressed
with the above mentioned cytoskeletal and contractile proteins
that collectively characterize the differentiated SM cell phenotype (14, 36).
Our present studies focus on the molecular mechanisms underlying TGF-␤-induction of a SM phenotype; specifically, we
investigated TGF-␤ regulation of SM-specific ␥-actin gene expression. We observed that, along with previously documented
morphological changes (44), TGF-␤ induced the production and
cytoskeletal localization of SM-␥-actin in 10T1/2 mesenchymal
cells. Increased SM-␥-actin protein was paralleled by an increase in its mRNA, indicating that, as in normal SM developmental processes (14, 36), TGF-␤ regulation of SM-specific gene
products is mediated by mechanisms that provide increased
steady-state levels of mRNA within cells. We further demonstrated that TGF-␤ enhanced transcriptional activation of the
SM-␥-actin gene. Deletion and mutagenesis experiments demonstrated that the CArG/SRE motif located at ⫺120 bp (CArG/
SRE2) of the SM-␥-actin promoter played a critical role in the
observed TGF-␤ transcriptional activation, suggesting that
this response occurred via an SRF-mediated pathway.
Consistent with this theory, we found that TGF-␤ up-regulated SRF protein expression via transcriptional and post-transcriptional controls, and we observed an increase in SRF-binding complexes in nuclear lysates derived from TGF-␤-treated
10T1/2 cells. Furthermore, we found that stable expression of
wtSRF in mesenchymal cells was sufficient to induce a SM
phenotype and that stable expression of dnSRF suppressed the
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observed TGF-␤-induced SM phenotype in mesenchymal cells.
Thus, our present results demonstrate that TGF-␤ induction of
SM differentiation is mediated via the regulation of SRF
expression.
While TGF-␤ has been shown to up-regulate the expression
of multiple SM-specific proteins, our data suggest that the
mechanisms by which this response is mediated may be genespecific. For example, although SM-␥-actin and SM-␣-actin are
closely related isoforms of the same gene family, modulation of
their expression via TGF-␤ appears to be uniquely controlled.
In the case of SM-␣-actin, TGF-␤ responsiveness involves two
separate cis-elements: 1) the CArG/SRE motif, which we found
to mediate TGF-␤-induced SM-␥-actin expression and 2) a G-Arich TGF-␤ control element or TCE (11), which is recognized in
the promoter region of various SM-specific genes, but whose
involvement in TGF-␤ responsiveness of these genes has not
been investigated (11). The segment of the SM-␥-actin gene
promoter that we demonstrate here to be necessary for TGF-␤
activation of the gene (⫺135 bp) is highly conserved across
species (14, 16, 18, 49) and does not contain any obvious TCE
motifs. However, we did observe multiple protein-DNA complexes formed with oligonucleotide containing the SM-␥-actin
CArG/SRE and surrounding sequences. Thus, it is possible that
SRF works in conjunction with other factors to regulate SM-␥actin transcription in response to TGF-␤. Synergistic interactions of SRF with other factors that activate gene transcription
have been demonstrated for several muscle-restricted genes
(43, 50, 51), including SM-␥-actin (52). Moreover, these interactions may not necessarily require DNA binding by the accessory factor, such as in the facilitated binding of SRF to CArG B
of the SM-␣-actin gene promoter (50). Nonetheless, it is clear
that TGF-␤ induction of SM-␥-actin transcription does not require secondary protein interactions at a TCE or TCE-like
motif.
The apparent differences in TGF-␤ transcriptional regulation between such SM-specific genes may dictate observed differences in developmental expression. During embryogenesis
(53) and in developmental models (36), SM-␣-actin is among
the first genes expressed in the SM lineage, although not restricted to this lineage. Given that TGF-␤ is required for SM
development, it seems logical that the first SM gene induced
would require unique regulation via a specialized TGF-␤ control element. Along these same lines of thought, perhaps other
genes that are up-regulated at later stages of SM differentiation, and are required for differentiated function, are more
dependent on mediators downstream of TGF-␤ signaling, such
as SRF. If so, it would be possible that TGF-␤ temporally
induces the production of key positive and negative factors
during the progressive stages of SM development and, in so
doing, directs the coordinated expression of the genes that
collectively characterize the SM cell phenotype. Alternatively,
other factors, regulated independently from TGF-␤, may act in
conjunction with TGF-␤-inducible factors. In support of this
idea, comparison of the promoter regions of various SM-specific
genes reveals unique cis-elements (such as retinoic acid response elements, RAREs) that may be utilized for the sequential, stepwise expression of genes needed for SM cell function.
Also, since TGF-␤ signaling is mediated via intracellular
transducer SMAD proteins, which assemble multisubunit complexes that move to the nucleus and regulate transcription (54),
perhaps differential regulation of these proteins yields multilayered SM development. The SMAD regulatory proteins make
DNA contact at the core sequence 5⬘-CAGAC-3⬘ (55), which is
not found in the SM-␥-actin promoter sequences needed for
TGF-␤ responsiveness (⫺135 bp, Fig. 3). SMAD proteins are
able to interact with a variety of cofactors, some of which have

no apparent intrinsic transactivating activity (56, 57) and
many that do contain such activity (58 – 60). Thus, appropriate
SM-␥-actin transcriptional activation requires SRF binding,
and because SRF is also capable of forming multiple complexes
with transcriptional activators and co-factors, it may require
SMAD complex interactions with SRF or SRF accessory
factors.
There are potential SMAD binding sites within the SRF
promoter that may account for the rapid increase in mRNA
observed with TGF-␤ treatment. One of these sites overlaps
with a potential AP-1 site (at ⫺436) of the SRF core promoter
(42), which is a combination of cis-elements found to be operative in other genes that respond to TGF-␤ regulation via the
SMAD proteins (59). It has been shown that two CArG/SRE
motifs and Sp1 binding sites within the SRF gene promoter are
necessary for both serum-stimulated (61) and muscle-restricted
(41) transcription of the gene. Although this proximal segment
of the SRF promoter (⬃136 bp) was needed for specific transcription, this segment was not sufficient for muscle-restricted
SRF transcription. Indeed, sequences adjacent to the SRF proximal promoter were needed to establish full activation of this
promoter in skeletal muscle cells and for an increased transcriptional capacity of the SRF promoter during myogenesis
(41). Our studies revealed induction of SRF gene transcription
leading to a rapid 25–50% increase in mRNA in mesechymal
cells in response to TGF-␤. Although the 5⬘ segment of the SRF
promoter contains multiple SMAD-like core binding sequences,
the contribution of these elements to the TGF-␤-stimulated
transcriptional activation of the gene remains to be evaluated.
In contrast to the rapid increase in SRF mRNA content, we
observed a delayed accumulation of SRF protein in mesenchymal cells, in response to TGF-␤. These data suggest that posttranscriptional regulation plays an important role in the control of SRF expression during SM differentiation. Posttranscriptional control of SRF in response to TGF-␤ may
involve regulation of protein stability and/or translational control of mRNA expression. TGF-␤ has been implicated in the
translational control of several gene products including collagenase 3 (62), elastin (63, 64), growth hormone releasing factor
(65), ribonucleotide reductase R2 (66), and receptor for hyaluronan-mediated motility (67). For the regulation of ribonucleotide reductase R2 and receptor for hyaluronan-mediated motility, it appears that TGF-␤ acts to stabilize their respective
mRNAs in the cytoplasm of treated cells, and this occurs via
specific cis-trans interactions directed by the 3⬘-UTR mRNA
segments (66, 67). Related studies from our laboratories suggest that SRF expression may be translationally controlled in
response to TGF-␤, in a process mediated through the 5⬘-UTR
of the SRF mRNA (15, 42, 43, 46).3 The SRF 5⬘-UTR is complex,
enriched in G and C bases (268 out of 348 bases or ⬃77% G ⫹
C) (41) and, thus, shares characteristics of mRNAs encoding a
number of developmental regulatory proteins (Antp Ubx homeodomain, RAR-␤, c-Mos, c-Myc, FGF2, PDGF2, VEGF), including TGF-␤1 (68, 69), that are regulated in a spatio-temporal
manner via 5⬘-UTR translational control.
A number of factors, both inter- and intracellular, may influence TGF-␤-mediated differentiation responses upon SM development observed in our studies. During vascular development, SM differentiation occurs only in mesenchymal
precursors that have contacted mature endothelial cells (53).
We have observed a similar phenomenon in our coculture
model system and have determined that TGF-␤ mediates the
endothelial cell-induced SM differentiation (44). TGF-␤ in this
system, and during development, is presumably activated in
response to cell-cell contact (8). In the developing GI tract,
mesenchymal cells are found to respond to soluble signals from

TGF-␤ Regulation of Smooth Muscle Differentiation
epithelial cells, such as sonic hedgehog, by up-regulating the
production of the TGF-␤ family (70). Here, TGF-␤ signaling
may not only influence SM development directly by affecting
SRF expression, but likely stimulates the production of basement membrane components that stimulate the SM developmental pathway (14). Moreover, other transcriptional factors
may play a role in SM development. Mice deficient for the
factor COUP-TFII exhibit defective vascular development secondary to the lack of SM cell and pericyte investment of endothelial tubes (71). It would be of great interest to determine
whether factors such as COUP-TFII are up-regulated by locally
produced and activated TGF-␤ or perhaps by other soluble
effectors, such as retinoids, that are known to play a role in SM
development (72).2 Interestingly, retinoid signaling is associated with increased production (73) and activation (74) of
TGF-␤, and may be an initiating signal for SM development
during embryogenesis.
In summary, the in vivo microenvironment that dictates the
differentiation of SM from mesenchymal and neural crest precursors is complex, and the regulation of this process is undoubtedly multilayered. The studies detailed here reveal the
biological connection between two factors independently shown
to play critical roles in the regulation of smooth muscle development, TGF-␤ and SRF. Thus, these findings significantly
contribute to our understanding of the biological control of
smooth muscle development and provide insights into aberrant
smooth muscle differentiation that occurs in prevalent pathological conditions.
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